
J Exp Zool B Mol Dev Evol. 2021;1–14. wileyonlinelibrary.com/journal/jezb © 2021 Wiley Periodicals LLC | 1

Received: 16 November 2020 | Revised: 22 March 2021 | Accepted: 22 May 2021

DOI: 10.1002/jez.b.23066

R E S E A RCH AR T I C L E

Transcriptomic bases of a polyphenism

Nicholas A. Levis1,2 | Patrick W. Kelly1 | Emily A. Harmon1 |

Ian M. Ehrenreich3 | Daniel J. McKay1 | David W. Pfennig1

1Department of Biology, University of North

Carolina, Chapel Hill, North Carolina, USA

2Current affiliation: Department of Biology,

Indiana University, Bloomington, Indiana, USA

3Molecular and Computational Biology

Section, University of Southern, Los Angeles,

California, USA

Correspondence

Nicholas A. Levis, Daniel J. McKay, and David

W. Pfennig, Department of Biology, University

of North Carolina, Chapel Hill, NC 27599,

USA.

Email: nicholasalevis@gmail.com and

dmckay1@email.unc.edu and

dpfennig@unc.edu

Funding information

National Science Foundation, Division of

Environmental Biology,

Grant/Award Number: 1753865

Abstract

Polyphenism—in which multiple distinct phenotypes are produced from a single

genotype owing to differing environmental conditions—is commonplace, but its

molecular bases are poorly understood. Here, we examine the transcriptomic bases

of a polyphenism in Mexican spadefoot toads (Spea multiplicata). Depending on their

environment, their tadpoles develop into either a default “omnivore” morph or a

novel “carnivore” morph. We compared patterns of gene expression among sibships

that exhibited high versus low production of carnivores when reared in conditions

that induce the carnivore morph versus those that do not. We found that production

of the novel carnivore morph actually involved changes in fewer genes than did the

maintenance of the default omnivore morph in the inducing environment. However,

only body samples showed this pattern; head samples showed the opposite pattern.

We also found that changes to lipid metabolism (especially cholesterol biosynthesis)

and peroxisome contents and function might be crucial for establishing and main-

taining differences between the morphs. Thus, our findings suggest that carnivore

phenotype might have originally evolved following the breakdown of robustness

mechanisms that maintain the default omnivore phenotype, and that the carnivore

morph is developmentally regulated by lipid metabolism and peroxisomal form,

function, and/or signaling. This study also serves as a springboard for further ex-

ploration into the nature and causes of plasticity in an emerging model system.
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1 | INTRODUCTION

Among the most spectacular forms of phenotypic plasticity is “poly-

phenism,” in which multiple, discrete phenotypes arise from a single

genotype as a result of experiencing differing environmental conditions

(sensu Mayr, 1963, p. 670; Michener, 1961). Examples include en-

vironmentally influenced sexes (Bull, 1983); different leaf forms on the

same plant (“heterophylly”; Wells & Pigliucci, 2000); castes in social in-

sects (Wilson, 1971); seasonal forms (Shapiro, 1976); alternative re-

productive forms in organisms ranging from viruses (Ptashne, 2004) to

plants (Barnett et al., 2018) to animals (Moczek, 2005; Pienaar & Greeff,

2003); certain predator‐induced forms (Agrawal et al., 1999); and alter-

native resource‐use forms found in many organisms (reviewed in Pfennig

& Pfennig, 2012). Polyphenisms have long fascinated evolutionary biol-

ogists because they are thought to represent a key phase in major,

lineage‐specific innovations (Mayr, 1963; Nijhout, 2003; Shapiro, 1976;

West‐Eberhard, 1989, 2003). Thus, clarifying the causes of polyphenism

is crucial for understanding the origins of novel phenotypes. Yet, rela-

tively little is known of polyphenism's underlying molecular mechanisms

(Lafuente & Beldade, 2019).

Polyphenism can arise when an environmental stimulus breaks

down the buffering mechanisms that typically enable robust
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development of a particular phenotype, resulting in an altered de-

velopmental outcome (Moczek, 2007; West‐Eberhard, 2003). The
production of environmentally induced phenotypes through such a

process has been observed in a variety of taxa (Gangaraju et al.,

2011; Queitsch et al., 2002; Rohner et al., 2013; Rutherford &

Lindquist, 1998; Sollars et al., 2003). For example, perturbation of

the buffering activity of heat shock protein 90 (Hsp90) pharmaco-

logically (i.e., geldanamycin exposure) or environmentally (i.e., tem-

perature increase) results in the production of various distinct leaf

and eye morphologies in Arabidopsis thaliana and Drosophila melano-

gaster, respectively (Queitsch et al., 2002; Rutherford & Lindquist,

1998). Once exposed, these alternative developmental pathways can

be refined by selection into a coordinated developmental switch

(Nijhout, 2003). Such developmental switches have been observed in

various taxa (e.g., Moczek & Nijhout, 2002; Projecto‐Garcia et al.,

2017; Ragsdale et al., 2013). For instance, development of alter-

native discrete mouth forms in the nematode Pristionchus pacificus is

regulated by the relative activity of a set of environmentally re-

sponsive enzymes (Bui et al., 2018; Ragsdale et al., 2013). In short,

both a failure of robustness mechanisms and active developmental

changes underpin polyphenism. However, the extent to which these

two mechanisms influence any particular example of polyphenism is

unclear.

Spadefoot toads (Spea multiplicata) are especially well‐suited for

tackling these issues because of their striking larval polyphenism

(Pfennig, 1990) that is amenable to laboratory induction and ma-

nipulation. Normally, tadpoles of S. multiplicata produce an “omnivore

morph” body form and eat mostly detritus. This morph is char-

acterized by a long, coiled gut, smooth keratinized mouthparts, many

keratinized denticle rows, and small jaw muscles. However, if a young

omnivore eats large animal prey (fairy shrimp or other tadpoles), it

may develop, via phenotypic plasticity, into a unique “carnivore

morph,” which specializes on these large prey (Levis et al., 2015;

Paull et al., 2012). This morph is characterized by a short gut, pointed

mouthparts, few denticle rows, and large jaw muscles (Pfennig,

1992b) and is an evolutionary novelty restricted to the genus Spea

(Ledón‐Rettig et al., 2008). Frequencies of carnivore morph pro-

duction often vary by sibship and population, with the proportion of

carnivores ranging from nearly 0% to nearly 100% for a given lineage

(e.g., Levis & Pfennig, 2019; Levis et al., 2017; Pfennig, 1990, 1992a),

which points to a genetic basis of plasticity that can undergo evo-

lutionary modification.

The evolution of this polyphenism may have had important

evolutionary and ecological consequences (Levis et al., 2018). For

example, production of the carnivore morph has allowed Spea to

access a new, predatory niche. This invasion of a new niche, in which

carnivores obtain a high‐nutrition meat diet that is in turn associated

with accelerated larval development (Pfennig, 2000), presumably

explains why Spea are among the few amphibians that can breed in

highly ephemeral rain‐filled pools. Consequently, Spea have been

able invade a new biome (the desert) that is normally not available to

other amphibians. This type of intraspecific variation and niche‐width

expansion may be an important driver of phenotypic evolution

among diverse taxa. Indeed, numerous vertebrate and invertebrate

taxa have evolved analogous environmentally induced trophic phe-

notypes, including protozoans (Kopp & Tollrian, 2003), rotifers

(Gilbert, 1973), nematodes (Susoy et al., 2015), many fish (Robinson

& Wilson, 1994), and salamanders (Collins & Cheek, 1983). Thus,

understanding the causes of carnivore plasticity may provide key

insights into an ecologically relevant, and taxonomically widespread,

form of phenotypic variation.

Carnivore production is mediated by environmental cues, such

as diet (Pfennig, 1990) and competitive environment (Frankino &

Pfennig, 2001; Levis et al., 2017), and potentially by internal cues,

such as thyroid hormone (Pfennig, 1992b). Previous work identified

genes that showed variation in morph‐specific expression among

populations and species (Levis et al., 2017). However, this earlier

study compared molecular phenotypes following environmental in-

duction, and did not necessarily inform the developmental basis of

phenotypic variation. Investigating development before phenotypic

changes are apparent is needed to uncover the nature and mode of

origin of the switches and other processes controlling this

polyphenism.

In this study, we sought to characterize the transcriptional bases

of polyphenism in Spea. To that end, we undertook two analyses.

First, we identified regulators of plasticity (i.e., genes affecting the

expression of other genes involved in development of alternative

phenotypes; “switch‐influencing” or “switch” genes) and determined

if they were associated with a failure of robustness or an active

developmental change. Second, we identified important genes and

processes for the maintenance of these alternative phenotypes.

2 | METHODS

2.1 | General approach

Based on alternative dietary and competitive conditions that reflect

those seen in nature, we investigated the transcriptional bases of the

carnivore phenotype. Two days after exposure to carnivore‐inducing
cues (Figure 1b,c), but before emergence of morphological variation,

we sampled tadpoles from numerous sibships. By allowing the sib-

lings of these sampled tadpoles to develop an additional 6 days in

carnivore‐inducing conditions and measuring their trophic morphol-

ogy, we were able to identify two groups of tadpoles that ultimately

differed in the extent to which their morphology was carnivore‐like.
Each group was composed of three sibships, and one group (desig-

nated “high plasticity” or “HP”) had significantly more carnivore‐like
tadpoles than the other group (designated “low plasticity” or “LP”)

consisting of the sibships with the least carnivore‐like tadpoles. We

measured gene expression of the head and body of tadpoles from

these two groups that were sampled prior to the appearance of

morphological differences. We did so because we were interested in

the developmental changes preceding, and potentially controlling,

downstream morphological changes. We first identified genes whose

expression differed between the HP and LP groups irrespective of
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F IGURE 1 (a) Spadefoot toad (Spea multiplicata) tadpoles typically develop into an omnivore morph that feed on detritus (left), but can,
depending on environmental conditions such as competition and diet, develop into a carnivore morph (right). We collected head and body
samples from tadpoles (b) two days after exposure to alternative treatments (Timepoint 1). Treatment conditions were either (top; Control)
reared as singletons on a detritus diet or (bottom; Cue) reared at high density and fed detritus, fairy shrimp, and Scaphiopus couchii (yellow)
tadpoles. c) Sibships were classified as “High Plasticity” (e.g., top) or “Low Plasticity” (e.g., bottom) based on how carnivore‐like (depicted by
roundness in this example) their tadpoles were after six days of exposure to the cue treatment. (d) Liver and brain tissue were collected from
control omnivores, cue omnivores, and cue carnivores 6 days after exposure to their respective treatments. (e) Diagrammatic representations
of expression patterns for developmental reprogramming and robustness breakdown switch genes. (f) Diagrammatic representations of
relationship between molecular and morphological plasticity for activator and repressor switch genes. MI denotes morphological index; our
measure of plasticity in this study (see main text for details) [Color figure can be viewed at wileyonlinelibrary.com]
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environmental conditions. We then identified candidate switch‐
influencing genes using two approaches (see below) and determined

if these genes were associated with the breakdown of buffering

mechanisms (genes where the LP group expression changed in the

cue relative to the control and was significantly different from the

HP expression level in the cue) or activation of developmental re-

programming (genes where the HP group expression changed in the

cue relative to the control and was significantly different from the LP

expression level in the cue). Next, because a gene's position in reg-

ulatory networks, rather than just its level of expression, could affect

downstream developmental programs, we identified genes whose

membership in co‐expression networks differed between HP and LP

groups. Finally, we identified genes and processes important for the

functioning of alternative morphs by comparing liver and brain gene

expression of carnivores and omnivores (Figure 1d).

2.2 | Experimental design and sample collection

Adult Mexican spadefoot toads (S. multiplicata) were collected on

July 10, 2018 from a newly formed (< 1 d old), rain‐filled pond near

Portal, Arizona (lat. 31.9142, long. −109.0836) and returned to the

nearby Southwestern Research Station. We collected 12 calling S.

multiplicatamales and 12 females that were extracted from amplexus

with other males. Each toad was washed with water (to remove any

sperm) and placed alone in a labeled plastic bag filled with air. We

then transported all toads to the Southwestern Research Station,

and, within 4 h of collection, we randomly paired each female to a

male. Each such pair was placed in a separate tank filled with 6 L of

dechlorinated well water and keep in a dark room. After approxi-

mately 8 h, upon visual confirmation that oviposition had occurred,

we removed the adults from the tanks and began aerating the eggs.

Two days after their eggs hatched, for each sibship (ranging in size

from ~450–1000 tadpoles), tadpoles were divided into two treat-

ments. Twelve tadpoles per sibship were randomly chosen to be

reared individually and fed 10mg of fish food daily; fish food mimics

the detritus on which omnivores feed in form and nutrition (Pfennig

et al., 1991). In this “control” treatment, tadpoles were not exposed

to cues that elicit carnivore production. Keeping each sibship sepa-

rate, the remaining tadpoles were divided into five boxes of 80

tadpoles (400 tadpoles per sibship) and fed fish food, live fairy

shrimp, and live Scaphiopus couchii tadpoles. These numbers of tad-

poles and replicates were chosen to balance the need for high den-

sities to elicit a developmental response and the need to include

multiple sibships to capture variation in responses (the number of

tadpoles per sibship ranged from ~450 to ~1000) and because of

physical constraints on space for rearing boxes. This was the “cue”

treatment, because competition, shrimp consumption, and tadpole

consumption contribute to the development of carnivores (Frankino

& Pfennig, 2001; Levis et al., 2015; Pfennig, 1990). Note that we

were not trying to identify the relationship between gene expression

and exposure to a particular cue; we were instead interested in

flooding tadpoles with well‐known carnivore‐inducing cues to

identify sibships that differed in morph production. We opted to

manipulate the tadpole's rearing environment because its relation-

ship with morph development has received considerable research

attention and because direct manipulation of any particular devel-

opmental processes (e.g., hormone treatment) may pre‐suppose the

mechanisms required for plasticity and bias our findings toward

those mechanisms. In essence, since this is the initial attempt at

uncovering the molecular basis of spadefoot plasticity, we wanted to

have an ecologically informed, but mechanistically agnostic, experi-

mental design that can inform subsequent work on particular path-

ways or processes. Tadpoles remained in their treatments for two

days (i.e., they were 4 days old) before we randomly sampled five

control tadpoles and five cue tadpoles per sibship, euthanized them

with a 0.8% aqueous solution of tricaine methanesulfonate (MS‐222),
and placed them in a microcentrifuge tube filled with RNAlater.

Samples remained at room temperature for 24 h to allow RNAlater

penetration and were then frozen at −20°C until they were shipped

to the University of North Carolina overnight on dry ice. They were

then kept at −80°C until further processing.

The remaining tadpoles were allowed to develop for an addi-

tional six days until the different morphs were observable. When

tadpoles were 10 days old, we randomly sampled per sibship: five

control omnivores, five cue omnivores (i.e., individuals exposed to the

inducing cue, but remained as omnivores), and five cue carnivores

(i.e., individuals exposed to the inducing cue, and developed into

carnivores). We processed these tadpoles as above. The remaining

tadpoles in the cue treatment were euthanized and preserved in 95%

ethanol for morphological measurements.

To assess sibship‐level morphology, and consequently plasticity,

we measured the ethanol‐preserved tadpoles using previously pub-

lished methods (Pfennig et al., 2007). Specifically, we measured the

width of each tadpole's orbitohyoideus muscles (OH; carnivores have

a larger OH for their body size) and scored its mouthparts (MP) on an

ordinal scale that ranged from 1 (most omnivorous) to 5 (most carni-

vorous). After averaging left and right OH values and correcting the

mean for body size, (by regressing log OH on log snout‐vent length),
we combined these two metrics into a single morphological index

(“MI”) by taking the first principal component from a principal com-

ponent analysis. Larger values of MI correspond to more carnivore‐
like morphology with larger OH muscles and more serrated and

notched mouthparts. Since singleton omnivores (i.e., control tad-

poles) from our sample population do not tend to differ in their

trophic morphology (pers. obs.; Kelly et al., 2019), we used the

average MI of each sibship's tadpoles in the cue treatment as a proxy

for that sibship's degree of plasticity. This metric tells us how each

sibship responds, on average, to being reared in a carnivore‐inducing
environment. Measurements were taken blindly with respect to an

individual's morph, treatment group, and the sibship's ultimate des-

ignation as HP or LP. In fact, these measurements determined HP

and LP designations.

By performing a simple analysis of variance and Tukey's honestly

significant difference (in JMP Pro 15), we identified the three sib-

ships with the highest MI (HP) and the three sibships with the lowest
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MI (LP) for use in gene expression analyses. We restricted our focus

to these extreme samples to identify those differences with the

largest effect on morph development.

2.3 | Sample processing

Immediately before RNA extraction, for 4 days old samples, each

tadpole's head was separated from its body and the tail was removed

from the body using a fine scalpel. For 10 days old samples, each

tadpole's liver and brain were removed using forceps. In all cases, the

tadpole was submerged in RNAlater during dissection. Thus, we had

four sample types: body, head, liver, and brain. Body and head

samples were from 4 days old tadpoles reared in either control or

cue conditions. Liver and brain samples were from 10 days old

control omnivores, cue omnivores, and cue carnivores. Samples were

homogenized in TRIzol reagent with Dounce all‐glass tissue grinders.

We extracted RNA from three individuals per sibship per sample

type (head, body, liver, brain) using Invitrogen PureLink extraction

columns with TRIzol reagent. We obtained RNA from 36 head (9

replicates per plasticity‐treatment combination), 36 body (9 re-

plicates per plasticity‐treatment combination), 54 liver (18 replicates

per morph‐treatment combination), and 54 brain (18 replicates per

morph‐treatment combination) samples for a total of 180 samples.

For body, head, and liver samples, 3′ RNA‐seq libraries were gen-

erated using the Lexogen Quantseq FWD kit and sequenced on an

Illumina NextSeq 500 using a single end 75 bp kit with an actual read

length of 86 bp. Library preparation and sequencing were performed

at the Cornell University Institute of Biotechnology. RNA from brain

tissue, because of the small volume, was processed by Qiagen

Genomic Services using the low input QIAseq UPX 3' sequencing kit

and protocol. This generated qualitatively similar data to that pro-

duced for other tissues (except that reads were 150 bp), but this

procedure was optimized for low inputs of starting material. Thus, all

samples of a given tissue or body region were processed in the same

way. One limitation of our 4 days old samples is that we do not have

tissue‐specific patterns which means that expression patterns in

different tissues might, in effect, cancel each other out and be un-

detected by us. Similarly, but likely to a lesser extent, our liver and

brain samples are composed of multiple cell types that differ in

function. Our results, therefore, may represent only major differ-

ences that surpass any inter‐tissue or inter‐cell type variation in

expression.

2.4 | Measurement of gene expression

To measure gene expression, we followed the general procedure

described by Seidl et al. (2019) for 3' RNA‐seq data. We began by

trimming the 3' RNA‐seq reads to remove adapter and poly‐A con-

tamination using BBDuk (B. Bushnell, https://sourceforge.net/

projects/bbmap) with the parameters: ktrim=r k = 23 mink=11

hdist=1 tpe tbo qtrim=r trimq=6 ftl=12 maq=6. Individual reads were

then mapped to the S. multiplicata genome (Seidl et al., 2019) using

STAR aligner (Dobin et al., 2013) with default parameters for the

Lexogen Quantseq kit. We used bedtools genomecov (Quinlan &

Hall, 2010) to generate bed coverage files at all nucleotide positions

and performed peak discovery by using the “findpeaks” function in

the R package “pracma” (Borchers, 2019) with the following para-

meters: nups=1, ndowns=1, zero="0," peakpat=NULL, minpea-

kheight=500,minpeakdistance=3000, threshold=0, sortstr=FALSE.

We defined the peak as the base with the maximum coverage in

each window. We then extracted coverage of each peak ±25 bp for

each individual using the bedtools coverage tool and took the

average coverage over the 50 bp window surrounding the peak

(rounded to the nearest whole number) as our measure of gene

expression. Because there is currently insufficient data on 3'UTR

location for S. multiplicata genes (Seidl et al., 2019), to assign gene

identities to our peaks, we used bedtools closest (Quinlan & Hall,

2010) to match our peak to the nearest known S. multiplicata genes

following Seidl et al. (2019). The best match resulting from a BLASTx

of these S. multiplicata genes against the Uniprot tetrapod database

was used as each gene's identifier. In total, this procedure resulted in

expression data for 14,485 protein coding genes.

2.5 | Regulation of plasticity

To identify differentially expressed genes between the HP and

LP groups, we used the R package DEseq2 (Love et al., 2014) to

evaluate a model containing treatment as a covariate and plasticity

level (i.e., HP or LP) as the main explanatory variable. In brief, this

package calculates the Wald statistic (log2 fold change divided by the

standard error log2 fold change) and compares it to a normal dis-

tribution to generate a two‐tailed p value for each gene. The package

also performs independent filtering to control for extreme outlier

samples, low normalized counts, and genes with no expression, fol-

lowed by false discovery rate adjustment to account for multiple

testing. In short, the program iterates over each gene, fits a negative

binomial model based on the groups to be compared (e.g., environ-

ment, plasticity level) and then provides output of the comparison

after controlling for various factors that could artificially influence

results. The model was run separately for head and body samples,

and in each case, produced a set of genes whose expression varied

between plasticity levels irrespective of treatment. We then input

gene IDs into the online gene set enrichment tool g:Profiler

(Raudvere et al., 2019; Reimand et al., 2007) to identify the top

biological process gene ontology (GO) terms and KEGG pathway

terms associated with all differentially expressed genes, HP‐biased
genes, or LP‐biased genes.

While genes whose expression differs between HP and LP

groups tell us about key regulators discriminating between these

groups, they do not necessarily tell us which genes govern the

transition (i.e., the switch) from omnivore morph to carnivore morph.

Our next three analyses sought to identify candidates for this role.

First, we identified four sets of genes using DESeq2 (Figure 1e).
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For all sets, HP and LP groups were significantly different in the cue.

The sets were further delineated based on whether HP expression

was higher in the cue than in the control, HP expression was lower in

the cue than in the control, LP expression was higher in the cue than

in the control, or LP expression was lower in the cue than in the

control. Essentially, we were testing if the HP group or the LP group

changes its expression (up or down) in the cue. We considered cases

where the HP group (but not the LP group) changed as being asso-

ciated with developmental reprogramming. The expression of these

genes is changing in the group that exhibits more carnivore‐like
morphology in the cue environment. In contrast, we considered cases

where the LP group changes in the cue, but the HP group does not,

as being associated with the breakdown of buffering/robustness

mechanisms. That is, we assumed changes that occurred in LP group

are at least partly responsible for that group exhibiting more

omnivore‐like morphology in a carnivore inducing environment.

Our second analysis of plasticity's regulation (Figure 1f) de-

termined the magnitude of expression change (log2 fold change)

across treatments (cue/control) for each gene and found the Spear-

man correlation between this molecular plasticity and morphological

plasticity (i.e., mean MI [determined above]). For this analysis, each

sibship was a separate sample such that for every gene we had six

measures of log2 fold change and six measures of MI. Here, we

considered genes showing a significant positive relationship between

morphological and molecular plasticity as plasticity activators

(roughly corresponding to developmental reprogramming) and genes

showing a negative relationship as plasticity repressors (roughly

corresponding to breakdown of buffering mechanisms). See

Figure 1e,f for a schematic of the four regulatory categories—

developmental reprogramming, buffering, plasticity activators, plas-

ticity repressors—and how they were identified.

We evaluated biological process GO and KEGG pathway en-

richment of the above candidate genes (i.e., developmental repro-

gramming genes, breakdown of buffering genes, activator genes, and

repressor genes) using the g:Profiler online tool (Raudvere et al.,

2019; Reimand et al., 2007).

Our third analysis of plasticity's regulation focused on each gene's

association with coexpression networks (modules) and how these asso-

ciations differ between HP and LP groups. To perform this analysis, we

followed the tutorial for consensus analysis (https://horvath.genetics.ucla.

edu/html/CoexpressionNetwork/Rpackages/WGCNA/Tutorials/index.

html) using the WGCNA package in R (Langfelder & Horvath, 2008). For

this analysis, we focused on HP and LP body samples that were nor-

malized in DESeq2. Modules were detected using the automatic, one‐
step network construction and consensus analysis pipeline in WGCNA

(power = 10, minModuleSize =30, corType = “bicor,” mergeCutHeight =

0.35, TOMType = “signed,” maxPOutliers = 0.05). This pipeline identified

24 coexpression networks (modules), determined how associated each

gene was with each network (module membership), and determined each

gene's correlation with environmental conditions (control to cue).

Using these network association values (that range from −1 to 1), we

then compared how similar associations were between HP and LP

groups. Specifically, for each group, we ranked the association scores and

calculated the rank biased overlap (rbo) between the two lists (Webber

et al., 2010) using the “rbo” function in the gespeR package of R (Schmich,

2020; Schmich et al., 2015). Smaller rbo values indicates greater differ-

ence between ranked lists and larger values indicate greater similarity.

We compared our observed rbo values to rbo values obtained from

randomly generating network association scores 1000 times. We re-

tained those genes whose rbo value was significantly smaller than these

randomly generated values (i.e., the proportion of rbo values as small or

smaller than our observed value was less than 0.05). From these genes,

we then retained those whose correlation with the environment had the

opposite sign between HP and LP groups. Using this approach, we

identified genes whose network membership significantly differed be-

tween HP and LP groups and whose response to the environment dif-

fered. As with our other analyses, we identified any GO or KEGG terms

associated with this class of gene (hereafter: network switch genes) using

g:Profiler.

2.6 | Maintenance of plasticity

To determine genes and processes associated with maintenance of

plasticity, we used DESeq2 to identify genes whose expression sig-

nificantly differed between carnivores and omnivores after controlling

for sibship and treatment. We focused on liver and brain tissue because

our treatments differed in both resource base and social environment

(e.g., the differential presence of kin and the intensity of intraspecific

competitors)—factors that are known to influence morph determination

(Martin & Pfennig, 2009; Pfennig, 1999)—and may have especially im-

pacted the liver and brain. As above, we used g:Profiler to identify bio-

logical process GO terms and KEGG pathway terms associated with

morph differences in general and then individually for carnivore‐biased
(i.e., higher expression in carnivores) and omnivore‐biased genes.

3 | RESULTS

3.1 | Regulation of plasticity: Differences between
HP and LP groups

We first targeted those genes that differ between HP and LP groups

using DESeq2. We found 67 and 45 genes that differ between groups

for body and head (Table S1) samples, respectively (25 of these

genes differed in both tissue types). These genes were relatively

evenly split between being HP‐biased and LP‐biased. No GO or

KEGG terms were enriched in any set of genes suggesting a possible

lack of systemic pre‐conditions being needed for expression of

plasticity.

3.2 | Regulation of plasticity: Switch genes

The above analysis identified genes that differ between HP and LP

groups and that might set the stage for downstream differences in
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morph development. We also sought to identify candidate genes that

govern the transition from one morph to another more directly.

Here, we focused on expression differences between groups that

change with environmental conditions. Our first analysis identified

46 candidate switch genes in the body and 4 candidate switch genes

in the head. Of the body genes, 6 were downregulated in the HP

group in cue, 33 were upregulated in LP group in the cue, and 7 were

downregulated in the LP group in cue. All four of the head genes

were downregulated in the HP group in the cue. Thus, we identified

10 developmental reprogramming genes (6 body, 4 head) and 40

breakdown of robustness genes (all body).

Developmental reprogramming genes in the body (i.e., genes

where the HP group expression changed in the cue relative to the

control and was significantly different from the LP expression level in

the cue) were primarily associated with lipid homeostasis, peroxi-

some form, and function (i.e., peroxisome contents, organization, and

metabolic and signaling activity; see Section 4), and sterol metabo-

lism (Table 1A). Genes associated with the breakdown of buffering

mechanisms in the body (i.e., genes where the LP group expression

changed in the cue relative to the control and was significantly dif-

ferent from the HP expression level in the cue) were not enriched for

GO or KEGG terms. Switch genes from the head were likewise not

enriched for GO or KEGG terms.

Our second analysis of plasticity's regulation identified 77 and 21

genes in the body and head, respectively, whose expression changes

across treatments correlated with the magnitude of sibship‐level plasti-
city. For the body, most of these genes (51) had a repressive relationship

such that greater expression plasticity was negatively correlated with

morphological plasticity. In the head, by contrast, most of the genes (16)

showed an activating relationship such that greater expression plasticity

was positively associated with greater morphological plasticity. None of

the genes identified here overlapped with those identified above, and

there were no shared genes between sample types.

When considering activating and repressing genes together for the

body, the GO term “biosynthesis of amino acids” was enriched. When

only activators were considered, the GO term “farnesyl diphosphate

metabolic process” was enriched. Farnesyl diphosphate is an inter-

mediate compound in the biosynthesis of various molecules, such as

sterols. When all head genes were considered, the GO term “citrate cycle

(TCA cycle)” was the only one enriched. No other sets of genes yielded

significant enrichment.

For our final functional (i.e., GO and KEGG) assessment of plasticity

regulators, we formed three sets of switch genes for each sample type

(body and head): all genes from both sets of analyses, developmental

reprogramming genes plus plasticity activators, and buffering breakdown

genes plus plasticity repressors. These observations largely corroborate

those presented above. For the body, developmental reprogramming

genes plus activator genes were associated with cholesterol/sterol bio-

synthesis, lipid metabolism, and peroxisome metabolic and signaling ac-

tivity (Tables 1B and S2). When considering all genes in the head, the

citrate cycle (TCA cycle) was enriched. No other set of genes showed

enrichment of GO or KEGG terms.

TABLE 1 Top biological process gene ontology (GO) and KEGG
pathway terms associated with (A) developmental reprogramming
genes in the body and (B) developmental reprogramming genes plus
activator genes in the body

Term

category Term name Term ID P

A. Developmental reprogramming genes (body)

GO:BP Lipid homeostasis GO:0055088 0.0065

GO:BP Negative regulation of cargo

loading into COPII‐
coated vesicle

GO:1901303 0.0182

GO:BP Establishment of protein

localization to

peroxisome

GO:0072663 0.0182

GO:BP Peroxisomal transport GO:0043574 0.0182

GO:BP SREBP‐SCAP complex

retention in endoplasmic

reticulum

GO:0036316 0.0182

GO:BP Regulation of lipid metabolic

process

GO:0019216 0.0182

GO:BP Protein localization to

peroxisome

GO:0072662 0.0182

GO:BP Peroxisome organization GO:0007031 0.0182

GO:BP Protein targeting to

peroxisome

GO:0006625 0.0182

GO:BP Triglyceride metabolic

process

GO:0006641 0.0236

KEGG Fatty acid degradation KEGG:00071 0.0008

KEGG Tryptophan metabolism KEGG:00380 0.0008

KEGG Beta‐Alanine metabolism KEGG:00410 0.0008

KEGG Peroxisome KEGG:04146 0.0020

KEGG Carbon metabolism KEGG:01200 0.0035

KEGG Histidine metabolism KEGG:00340 0.0271

KEGG Alpha‐Linolenic acid

metabolism

KEGG:00592 0.0271

KEGG Metabolic pathways KEGG:01100 0.0271

KEGG Ascorbate and aldarate

metabolism

KEGG:00053 0.0271

KEGG Biosynthesis of unsaturated

fatty acids

KEGG:01040 0.0271

B. Developmental reprogramming plus activator

genes (body)

GO:BP Farnesyl diphosphate

metabolic process

GO:0045338 0.0262

GO:BP Secondary alcohol metabolic

process

GO:1902652 0.0286

GO:BP Response to vitamin E GO:0033197 0.0286

GO:BP Sterol metabolic process GO:0016125 0.0286

(Continues)
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3.3 | Regulation of plasticity: Network switch
genes

Weighted gene coexpression network (WGCNA) analysis of body

samples identified 24 coexpression networks (modules). Using each

gene's association with each module for both HP and LP groups, we

found 176 genes whose network association and relationship with

environment differed between groups (Table S3). Seventy‐four of

these genes had a positive relationship with environment (positive

Pearson correlation from control to cue) in the HP group and the

remainder (102) had a positive relationship in the LP group. Recall

that we only included genes whose relationship with the environ-

ment differed in sign between the two groups. No KEGG terms were

enriched, but biological process GO terms that were enriched tended

to be related to morphogenesis, skeletal system development, neu-

rogenesis, and regulation of the smoothened signaling pathway

(Tables 2 and S4).

3.4 | Maintenance of plasticity

The liver had 3133 genes differentially expressed between morphs.

Of these, 1490 genes were carnivore‐biased and 1643 genes were

omnivore‐biased. As expected based on the dietary differences be-

tween morphs, various metabolic processes differ in the liver be-

tween carnivores and omnivores (Table S5). When considering KEGG

terms, carnivore and omnivore livers differ not only in various as-

pects of metabolism, but also steroid biosynthesis, peroxisome

proliferator‐activated receptor (PPAR) signaling, and ribosome

(Table 3A). This pattern is largely recapitulated in omnivore‐biased
genes with the addition of the proteasome KEGG term being en-

riched (Table S5). The carnivore‐biased genes had no KEGG enrich-

ment, but they did have numerous metabolic, transcription,

translation, and mitochondrial GO processes enriched (Table S5).

The brain had 1348 genes that were differentially expressed

between morphs. Of these, 921 genes were omnivore‐biased and

427 genes were carnivore‐biased. Morphs generally diverged in

processes associated with translation, mRNA processing, and various

cellular metabolic processes. KEGG terms for morph differences in

the brain were associated with several neurological diseases such as

Parkinson's disease, Alzheimer disease, and Huntington disease

TABLE 1 (Continued)

Term

category Term name Term ID P

GO:BP Response to light intensity GO:0009642 0.0286

GO:BP Cholesterol metabolic

process

GO:0008203 0.0286

GO:BP Secondary alcohol

biosynthetic process

GO:1902653 0.0297

GO:BP Cholesterol biosynthetic

process

GO:0006695 0.0297

GO:BP Sterol biosynthetic process GO:0016126 0.0332

GO:BP Regulation of steroid

biosynthetic process

GO:0050810 0.0451

GO:BP Regulation of lipid metabolic

process

GO:0019216 0.0482

KEGG Glyoxylate and dicarboxylate

metabolism

KEGG:00630 0.0176

KEGG Tryptophan metabolism KEGG:00380 0.0176

KEGG Valine, leucine and isoleucine

degradation

KEGG:00280 0.0176

KEGG Beta‐Alanine metabolism KEGG:00410 0.0176

KEGG Fatty acid degradation KEGG:00071 0.0176

KEGG Peroxisome KEGG:04146 0.0343

KEGG PPAR signaling pathway KEGG:03320 0.0343

Note: For the full list of significant terms, see Table S2.

TABLE 2 Top biological process gene
ontology (GO) terms enriched in genes
whose network association and
relationship with rearing environment
differed between high (HP) and low (LP)
plasticity groups

Term

category Term name Term ID P

GO:BP Embryonic skeletal system development GO:0048706 0.004

GO:BP Embryonic organ development GO:0048568 0.009

GO:BP Embryonic skeletal system morphogenesis GO:0048704 0.012

GO:BP Cerebellar Purkinje cell‐granule cell precursor cell

signaling involved in regulation of granule cell

precursor cell proliferation

GO:0021937 0.012

GO:BP Positive regulation of smoothened signaling pathway GO:0045880 0.012

GO:BP Skeletal system morphogenesis GO:0048705 0.013

GO:BP Embryonic organ morphogenesis GO:0048562 0.017

GO:BP Positive regulation of cerebellar granule cell precursor

proliferation

GO:0021940 0.017

GO:BP Neuron maturation GO:0042551 0.017

Note: For the full list of significant terms, see Table S4.
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(Table 3B); they were also associated with ribosome and oxidative

phosphorylation (Table 3B). Omnivore‐biased genes showed a similar

pattern, but had additional KEGG terms including spliceosome, pyr-

uvate metabolism, and RNA degradation (Table S6). Carnivore‐
biased genes, in contrast, had no enriched KEGG terms, but were

enriched for GO terms related to nervous system development, be-

havior, and synaptic signaling (Tables 4 and S6).

4 | DISCUSSION

We sought to identify the developmental basis of a complex, en-

vironmentally induced phenotype in spadefoot toad tadpoles. Our

findings, together with previous work, lay the foundation for addi-

tional efforts to unravel the mechanisms governing development of

this evolutionary novelty.

As noted in Section 1, environmentally induced phenotypes arise

via developmental reprogramming and/or breakdown of buffering/

robustness mechanisms. When comparing expression patterns be-

tween HP and LP groups before morph development, we observed

the greatest number of differentially expressed genes in the LP

lineages. Since these genes are responding to cues that induce the

carnivore morph in HP individuals, this observation suggests that (1)

those genes differentially expressed in LP individuals are involved in

buffering the omnivore phenotype against environmental (dietary

and/or social) change, and (2) the carnivore morph may involve, at

least in part, a failure to adequately express those genes. However,

these genes had diverse functions. Therefore, because these

TABLE 3 Significant KEGG pathway terms associated with
genes showing a significant difference in expression between
carnivores and omnivores in (A) the liver and (B) the brain

Term name Term ID P

A. Liver genes

Metabolic pathways KEGG:01100 1.02E−07

Ribosome KEGG:03010 2.86E−06

Carbon metabolism KEGG:01200 3.15E−03

Complement and coagulation cascades KEGG:04610 6.12E−03

Valine, leucine and isoleucine

degradation

KEGG:00280 7.31E−03

Histidine metabolism KEGG:00340 1.10E−02

Steroid biosynthesis KEGG:00100 1.17E−02

PPAR signaling pathway KEGG:03320 2.24E−02

Glyoxylate and dicarboxylate

metabolism

KEGG:00630 2.89E−02

B. Brain genes

Term name

Ribosome KEGG:03010 7.55E−13

Parkinson disease KEGG:05012 3.92E−10

Alzheimer disease KEGG:05010 1.78E−09

Huntington disease KEGG:05016 3.50E−09

Oxidative phosphorylation KEGG:00190 3.50E−09

Nonalcoholic fatty liver disease (NAFLD) KEGG:04932 2.36E−07

Thermogenesis KEGG:04714 2.99E−04

Citrate cycle (TCA cycle) KEGG:00020 7.14E−04

Carbon metabolism KEGG:01200 1.22E−02

Note: For the full list of significant terms, see Tables S5 and S6.

TABLE 4 Top biological process gene ontology (GO) terms
associated with genes showing carnivore‐biased expression the
brain

Term name Term ID P

Nervous system development GO:0007399 9.25E−06

Neurogenesis GO:0022008 2.43E−04

Generation of neurons GO:0048699 2.43E−04

Neuron development GO:0048666 2.43E−04

Neuron differentiation GO:0030182 3.75E−04

Neuron projection morphogenesis GO:0048812 6.37E−04

Cell part morphogenesis GO:0032990 6.37E−04

Cell projection morphogenesis GO:0048858 7.66E−04

Plasma membrane bounded cell

projection morphogenesis

GO:0120039 7.66E−04

Cell morphogenesis involved in neuron

differentiation

GO:0048667 1.36E−03

Anatomical structure morphogenesis GO:0009653 2.02E−03

Cellular component morphogenesis GO:0032989 2.02E−03

Cell morphogenesis GO:0000902 2.02E−03

Vesicle‐mediated transport in synapse GO:0099003 5.29E−03

Regulation of anatomical structure

morphogenesis

GO:0022603 5.67E−03

Positive regulation of cellular catabolic

process

GO:0031331 6.67E−03

Cell morphogenesis involved in

differentiation

GO:0000904 9.26E−03

Cell development GO:0048468 9.43E−03

System development GO:0048731 1.15E−02

Neuron projection development GO:0031175 1.22E−02

Regulation of dendrite morphogenesis GO:0048814 1.22E−02

Regulation of cell morphogenesis GO:0022604 1.30E−02

Behavior GO:0007610 1.42E−02

Trans‐synaptic signaling GO:0099537 1.42E−02

synaptic vesicle cycle GO:0099504 1.61E−02

Note: For the full list of significant terms, see Table S6.
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regulators of plasticity did not appear to be coordinated—in that

they did not have any unifying GO or KEGG functions—these results

indicate that the dysregulation of buffering may not be an adaptive

driver of plasticity, which is consistent with work in other systems

(Moczek, 2007; Queitsch et al., 2002; Rohner et al., 2013; Rutherford

& Lindquist, 1998; Sollars et al., 2003). In contrast, genes putatively

activating carnivore development (i.e., developmental reprogram-

ming genes and plasticity activators; Figure 1e,f; see above for op-

erational definitions of these categories) were associated with lipid

metabolism, (chole)sterol metabolism, and peroxisome organization,

contents, and activity (Table 1). Since these genes were involved in a

relatively unified set of processes, they may be more likely to bring

about the coordinated, novel carnivore phenotype. These findings

therefore suggest that adaptive plasticity might both come about

through the breakdown of robustness mechanisms and by the se-

lective refinement of this plastic response into a system capable of

coordinated developmental reprogramming.

Regarding the functional processes implicated in regulating

spadefoot tadpole plasticity, it is hardly surprising that we found

changes to lipid metabolism were important given the dietary dif-

ferences between carnivores and omnivores (Paull et al., 2012;

Pfennig et al., 2006). One category of lipids that may be especially

critical in morph development are sterols; specifically, cholesterol.

Cholesterol is a key component of cellular membranes, but more

interestingly, it is the precursor to steroid hormones (e.g., thyroid

hormone, corticosterone). The thyroid hormone thyroxine has pre-

viously been shown to play a possible role in carnivore development

(Pfennig, 1992b), and corticosterone has also been implicated in

spadefoot morphological development (Ledón‐Rettig et al., 2009).

Thus, any changes in cholesterol synthesis could have dramatic ef-

fects on circulating hormones that are relevant to morph differ-

entiation. Notably, these same changes—lipid metabolism and

cholesterol and steroid biosynthesis—have also been implicated in

the environmentally‐induced developmental acceleration in the

spadefoot Pelobates cultripes and are part of the evolutionary adap-

tation (i.e., constitutively rapid development) of another spadefoot

(Scaphiopus couchii) to a desert environment (Liedtke et al., 2021).

These similarities, plus the fact that carnivores develop more rapidly

than omnivores (Pfennig, 1992a), suggest a potential link between

the morphological polyphenism studied here and plasticity in de-

velopmental rate. Further, they highlight the possibility that adap-

tation to the same desert environment occurred in different

spadefoot lineages (Scaphiopus vs. Spea) through the differential re‐
working of the same molecular toolkit.

Perhaps the most interesting finding is that the peroxisome

might be a key organelle governing phenotypic switching in Spea.

Peroxisomes are organelles (historically called “microbodies”) found

in eukaryotic cells that house diverse oxidative reactions and play

important, and diverse roles in metabolism, detoxification of reactive

oxygen species, and signaling (Kao et al., 2018). In general, the per-

oxisome is a nexus for lipid metabolism and cellular signaling (Lodhi

& Semenkovich, 2014). As described above, changes to lipid pro-

cessing and signaling (e.g., cholesterol and steroid hormones) are

important mechanisms contributing to differences between HP and

LP groups. Many of the metabolic changes (e.g., lipid metabolism,

fatty acid degradation) and signaling processes underlying these

differences (Table 1) may be performed by or within the peroxisome

(or are related to peroxisomal function in some way; Cooper, 2000),

and this suggests that the peroxisome might be a key organelle

regulating phenotypic switching in spadefoots. Indeed, the KEGG

term peroxisome proliferator‐activated receptor (PPAR) signaling

pathway was enriched in those genes implicated in active develop-

mental reprogramming (i.e., a greater number of genes were asso-

ciated with the term than expected by chance; Tables 1 and S2).

PPARs are nuclear receptors whose main function is to induce pro-

liferation of peroxisomes and enact myriad downstream effects

ranging from cellular differentiation, development, metabolism, and

survival (Feige et al., 2006). Activation of nuclear receptors (e.g.,

PPARs, thyroid hormone receptor, ecdysone receptor) may be a

general feature controlling plastic development (Bui & Ragsdale,

2019). In other systems, PPARs not only regulate the expression of

genes involved in fatty acid synthesis, oxidation, and storage, but

they also participate in the molecular mechanism of altered meta-

bolic homeostasis (Ferré, 2004). Indeed, PPAR signaling is an im-

portant regulator of nutritionally‐induced phenotypic change.

Further implicating the peroxisome in spadefoot plasticity are

the expression patterns of some key peroxisome‐associated genes

(i.e., CAT, ACOX1). In particular, CAT was identified as a develop-

mental reprogramming switch gene (Table S7), and thieenzyme this

gene encodes is responsible for detoxification of reactive oxygen

species within the peroxisome (Lodhi & Semenkovich, 2014). We also

found that a gene (ACOX1) involved in peroxisomal fatty acid beta‐
oxidation (FAO) was a developmental reprogramming switch gene.

Peroxisomal FAO regulates whole body metabolism (Moreno‐
Fernandez et al., 2018), and differences in FAO in peroxisomes might

be responsible for some of the physiological and metabolic variation

between high and low plasticity groups.

Is such a role for peroxisomes unique to spadefoot plasticity? It

is well‐known that the number and size of peroxisomes, as well as

their protein/enzyme concentration and composition, can be modu-

lated by nutritional factors and environmental stimuli. For example,

deficiencies in peroxisomal FAO can prevent adaptive plastic

responses—dauer development—in Caenorhabditis elegans (Park &

Paik, 2017). Similarly, oxidative stress and, by extension the per-

oxisome, is associated with developmental plasticity (acceleration) in

other anurans. In particular, the activity of GPX and CAT (key per-

oxisome enzymes) is associated with developmental acceleration in

the frogs Rana temporaria and Pelobates cultripes under pond de-

siccating conditions (Burraco et al., 2017; Gomez‐Mestre et al.,

2013). Likewise, peroxisomal enzyme activity changes during

thyroxine‐induced metamorphosis of two other frogs, R. japonica and

R. nigromaculata (Kashiwagi, 1995). Peroxisome number and enzyme

expression is affected by thyroxine treatment in still other frog

species, R. catesbeina and Xenopus laevis (Dauça et al., 1983). Im-

portantly, carnivore development in S. multiplicata tadpoles also

arises via developmental acceleration and is modulated, in part, by
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thyroxine (Pfennig, 1992a, 1992b). Since peroxisome form and

function, lipid metabolism, and cholesterol and steroid biosynthesis

are associated with both spadefoot developmental acceleration and

ecomorph polyphenism (see above; e.g., Liedtke et al., 2021), and

since environmentally dependent developmental acceleration is a

common form of plasticity in diverse amphibian species (Denver,

1997), it is possible that the carnivore morph in Spea arose, at least

partially, through co‐option of this already existing machinery.

When we identified candidate switch regulating genes based on

their association with coexpression modules rather than differences

in expression level between treatment groups, we found that

morphogenic processes—skeletal system development and

neurogenesis—were enriched (Tables 2, S3, and S4). More narrowly,

we found that the smoothened signaling pathway was enriched in

these genes. The smoothened pathway regulates hedgehog signaling

and affects transcription of downstream genes by activating ex-

pression of Gli transcription factors (Arensdorf et al., 2016). While

the smoothened receptor itself was not identified as a network

switch gene, both its ligand (sonic hedgehog [SHH]) and ultimate

target (the transcription factor glioma‐associated onocogene [GLI1])

were identified as network switch genes (Table S3). Related to the

above discussion of cholesterol, hedgehog signaling seems to trans-

duce to the smoothened receptor by modulating the receptor's

cholesterylation and thereby enabling downstream signal transduc-

tion and transcription, and ultimately, promoting developmental

change (Huang et al., 2016; Xiao et al., 2017). Moreover, thyroid

hormone (a steroid hormone derived from cholesterol) induces SHH

signaling and enables intestinal modification in the frog Xenopus

laevis (Hasebe et al., 2012). This might suggest an additional me-

chanism by which changes in cholesterol synthesis could give rise to

the alternative morphs in S. multiplicata. Namely, differences in

cholesterol levels (which can be modified by resource use) might

differentially activate SHH signaling via the smoothened pathway

and lead to downstream morphological changes.

Finally, we also compared expression differences between well‐
developed omnivores and carnivores in an effort to discern what

genes might be responsible for maintaining these two alternative

morphs. Unsurprisingly, we found that various aspects of metabolism

differed between carnivore and omnivore livers (Table 3). However,

steroid synthesis and PPAR signaling also differed. These findings tie

mechanisms of morph maintenance to mechanisms of morph induction

(see above), suggesting that the same mechanisms leading to morph

production are also necessary for morph maintenance. Such a pat-

tern is not necessarily expected: the molecular “switch” shunting

development into alternative phenotypes often does so through ac-

tivation of different gene regulatory networks that are relatively

independent of the switch itself (Projecto‐Garcia et al., 2017). Direct

manipulation of dietary factors and/or pharmacological treatments

might be useful to determine the extent to which the switch me-

chanism and phenotype‐specific gene regulatory networks overlap

and interact.

Regarding the brain, we found that omnivore‐biased genes were

associated with several neurodegenerative diseases (Tables 3 and

S6). We also found that carnivore‐biased genes were associated with

nervous system development, synaptic signaling, and behavior

(Table 4). Such changes in brain gene expression are common in

organisms encountering a dynamic or enriched environment (Abbey‐
Lee et al., 2018; Chesler & Williams 2004; Rampon et al., 2000) and

are generally consistent with previous work on brain gene expres-

sion between spadefoot morphs (Ledón‐Rettig, 2021). Our results

suggest that the individuals that have more to gain from effectively

navigating such a dynamic environment—carnivores—may do so by

expanding their nervous system (presumably the brain) and in-

creasing their activity to facilitate changes in behavior accompanying

a predatory lifestyle (Ledón‐Rettig, 2021; Pfennig, 1999; Pfennig &

Murphy, 2000). The prevalence of neurological disease terms in

omnivore‐biased genes further supports differences between

morphs in cognitive function and capacity to navigate a complex

environment with diverse resources and socially antagonistic inter-

actions. As with the liver, pharmacological treatment may be a

fruitful future avenue for parsing these differences.

While the above patterns and processes certainly contribute to

spadefoot developmental plasticity, they are likely not the only ones

relevant to this plastic response. Additional switch genes may have

gone undetected in our study for at least three reasons. First, the

timing of sampling and tissues we sampled were chosen because of

their presumed relevance to spadefoot plasticity and were ne-

cessarily incomplete when considering the entire sequence of morph

development. Thus, our limited sampling in time and across tissues

may have caused us to miss additional regulators of plasticity. Sec-

ond, since we cannot be 100% sure that the tadpoles we sampled

before morph development would actually go on to develop into a

particular morph, these samples likely harbored more noise in gene

expression than “pure” (e.g., carnivore‐only) lines would have. This

too might have obscured additional relevant genes or pathways.

Third, our observed changes in development potentially involved

restructuring gene regulatory networks, not just changes in gene

expression. An important future direction is to identify carnivore and

omnivore gene regulatory networks and determine how their

topologies differ across environments and across tissues. Thus, our

findings, while not the whole story, provide an important foundation

for additional work in this system.

In sum, our results provide important insights into the mechanistic

basis of a complex, environmentally induced phenotype: the distinctive

carnivore morph found in tadpoles of the genus Spea. We found that lipid

metabolism, (chole)sterol synthesis, and peroxisome organization and

activity are important regulators of carnivore plasticity. We also found

that, as suspected, metabolic and cognitive differences characterize the

alternative morphs. At the same time, this study serves as a springboard

for further work exploring the developmental and evolutionary bases of

trophic plasticity in this and perhaps similar systems that produce similar

alternative environmentally induced phenotypes.

ACKNOWLEDGMENTS

We thank K. S. Pfennig for assistance during tadpole rearing and

sampling and A. J. Isdaner and two anonymous reviewers for helpful

LEVIS ET AL. | 11



comments on this manuscript. Funding was provided by the UNC

Biology Department (to D. W. P., D. J. M., and N. A. L.) and NSF grant

(DEB 1753865 to D. W. P.). All procedures complied with all relevant

ethical regulations, and our study protocol was approved by the

University of North Carolina Institutional Animal Care and Use

Committee (IACUC IDs 14‐297.0 and 17‐055.0). Field collections

were conducted under scientific collection permit SP745794 pro-

vided by the Arizona Game and Fish Department.

CONFLICT OF INTERESTS

The authors declare that there are no conflict of interests.

AUTHOR CONTRIBUTIONS

Nicholas A. Levis, Ian M. Ehrenreich, and David W. Pfennig conceived

the study, Nicholas A. Levis, Daniel J. McKay, and David W. Pfennig

designed the study, Patrick W. Kelly, Emily A. Harmon, and David W.

Pfennig performed the experiment, Emily A. Harmon collected

morphological data, Nicholas A. Levis performed tissue processing

and sample submission, Nicholas A. Levis analyzed the data and

wrote the initial manuscript. All authors contributed to the final

version of the manuscript.

PEER REVIEW

The peer review history for this article is available at https://publons.

com/publon/10.1002/jez.b.23066

DATA AVAILABILITY STATEMENT

Raw sequencing reads have been deposited in the National Center

for Biotechnology Information Sequence Read Archive under Bio-

projects PRJNA675835 (body and head) and PRJNA675144 (liver

and brain).

ORCID

Nicholas A. Levis https://orcid.org/0000-0001-7650-2371

Patrick W. Kelly https://orcid.org/0000-0002-5114-6849

Emily A. Harmon https://orcid.org/0000-0002-7281-4287

Ian M. Ehrenreich https://orcid.org/0000-0001-5065-9063

Daniel J. McKay https://orcid.org/0000-0001-8226-0604

David W. Pfennig https://orcid.org/0000-0002-1114-534X

REFERENCES

Abbey‐Lee R. N., Uhrig E. J., Zidar J., Favati A., Almberg J., Dahlbom J.,

Winberg S., Løvlie H. (2018). The Influence of Rearing on Behavior,

Brain Monoamines, and Gene Expression in Three‐Spined
Sticklebacks. Brain, Behavior and Evolution, 91(4), 201–213. http://

doi.org/10.1159/000489942

Agrawal, A. A., Laforsch, C., & Tollrian, R. (1999). Transgenerational

induction of defences in animals and plants. Nature, 401, 60–63.

Arensdorf, A. M., Marada, S., & Ogden, S. K. (2016). Smoothened

regulation: a tale of two signals. Trends in Pharmacological Sciences,

37(1), 62–72.

Barnett, L. L., Troth, A., & Willis, J. H. (2018). Plastic breeding system

response to day length in the California wildflower Mimulus

douglasii. American Journal of Botany, 105(4), 779–787. https://doi.

org/10.1002/ajb2.1063

Borchers, H. (2019). Pracma: Practical Numerical Math Functions. R package

version, 2(5). https://CRAN.R-project.org/package=pracma

Bui, L. T., Ivers, N. A., & Ragsdale, E. J. (2018). A sulfotransferase dosage‐
dependently regulates mouthpart polyphenism in the nematode

Pristionchus pacificus. Nature Communications, 9(1), 1–10.

Bui, L. T., & Ragsdale, E. J. (2019). Multiple plasticity regulators reveal

targets specifying an induced predatory form in nematodes.

Molecular Biology and Evolution, 36(11), 2387–2399.

Bull, J. J. (1983). Evolution of sex determining mechanisms. Benjamin/

Cummings.

Burraco, P., Díaz‐Paniagua, C., & Gomez‐Mestre, I. (2017). Different

effects of accelerated development and enhanced growth on

oxidative stress and telomere shortening in amphibian larvae.

Scientific Reports, 7(1), 1–11.

Chesler, E. J., & Williams, R. W.(2004). Brain gene expression: Genomics

and genetics. International Review of Neurobiology, 60, 59–95. https://

doi.org/10.1016/S0074-7742(04)60003-1

Christoph Liedtke, H., Harney, E., & Gomez‐Mestre, I. (2021). Cross‐
species transcriptomics uncovers genes underlying genetic

accommodation of developmental plasticity in spadefoot toads.

Molecular Ecology.

Collins, J. P., & Cheek, J. E. (1983). Effect of food and density on

development of typical and cannibalistic salamander larvae in

Ambystoma tigrinum nebulosum. American Zoologist, 23, 77–84.

Cooper, G. M. (2000). The cell: A molecular approach (2nd ed.). Sinauer

Associates.

Dauça, M., Calvert, R., Ménard, D., Hugon, J., & Hourdry, J. (1983).

Development of peroxisomes in amphibians. III. Study on liver,

kidney, and intestine during thyroxine‐induced metamorphosis.

Journal of Experimental Zoology, 227(3), 413–422.

Denver, R. J. (1997). Proximate mechanisms of phenotypic plasticity in

amphibian metamorphosis. American Zoologist, 37, 172–184.

Dobin, A., Davis, C. A., Schlesinger, F., Drenkow, J., Zaleski, C., Jha, S.,

Batut, P., Chaisson, M., & Gingeras, T. R. (2013). STAR: Ultrafast

universal RNA‐seq aligner. Bioinformatics, 29(1), 15–21.

Feige, J. N., Gelman, L., Michalik, L., Desvergne, B., & Wahli, W. (2006).

From molecular action to physiological outputs: Peroxisome

proliferator‐activated receptors are nuclear receptors at the

crossroads of key cellular functions. Progress in Lipid Research, 45(2),

120–159.

Ferré, P. (2004). The biology of peroxisome proliferator‐activated
receptors: relationship with lipid metabolism and insulin

sensitivity. Diabetes, 53(suppl 1), S43–S50.

Frankino, W. A., & Pfennig, D. W. (2001). Condition‐dependent expression
of trophic polyphenism: effects of individual size and competitive

ability. Evolutionary Ecology Research, 3, 939–951.

Gangaraju, V. K., Yin, H., Weiner, M. M., Wang, J., Huang, X. A., & Lin, H.

(2011). Drosophila Piwi functions in Hsp90‐mediated suppression of

phenotypic variation. Nature Genetics, 43(2), 153–158.

Gilbert, J. J. (1973). Induction and ecological significance of gigantism in

the rotifer Asplancha sieboldi. Science, 181, 63–66.

Gomez‐Mestre, I., Kulkarni, S., & Buchholz, D. R. (2013). Mechanisms and

consequences of developmental acceleration in tadpoles responding

to pond drying. PLoS One, 8, 1–12. https://doi.org/10.1371/journal.

pone.0084266

Hasebe, T., Kajita, M., Fu, L., Shi, Y. B., & Ishizuya‐Oka, A. (2012). Thyroid

hormone‐induced sonic hedgehog signal up‐regulates its own

pathway in a paracrine manner in the Xenopus laevis intestine

during metamorphosis. Developmental Dynamics, 241(2), 403–414.

Huang, P., Nedelcu, D., Watanabe, M., Jao, C., Kim, Y., Liu, J., & Salic, A.

(2016). Cellular cholesterol directly activates smoothened in

hedgehog signaling. Cell, 166(5), 1176–1187.

Kao, Y.‐T., Gonzalez, K. L., & Bartel, B. (2018). Peroxisome function,

biogenesis, and dynamics in plants. Plant Physiology, 176(1),

162–177.

12 | LEVIS ET AL.

https://publons.com/publon/10.1002/jez.b.23066
https://publons.com/publon/10.1002/jez.b.23066
https://orcid.org/0000-0001-7650-2371
https://orcid.org/0000-0002-5114-6849
https://orcid.org/0000-0002-7281-4287
https://orcid.org/0000-0001-5065-9063
https://orcid.org/0000-0001-8226-0604
https://orcid.org/0000-0002-1114-534X
http://doi.org/10.1159/000489942
http://doi.org/10.1159/000489942
https://doi.org/10.1002/ajb2.1063
https://doi.org/10.1002/ajb2.1063
https://CRAN.R-project.org/package=pracma
https://doi.org/10.1016/S0074-7742(04)60003-1
https://doi.org/10.1016/S0074-7742(04)60003-1
https://doi.org/10.1371/journal.pone.0084266
https://doi.org/10.1371/journal.pone.0084266


Kashiwagi, A. (1995). Peroxisomal enzyme activity changes in the tail of

anuran tadpoles during metamorphosis. Comparative Biochemistry

and Physiology Part B: Biochemistry and Molecular Biology, 111(3),

483–489.

Kelly, P. W., Pfennig, D. W., de la Serna Buzon, S., & Pfennig, K. S. (2019). Male

sexual signal predicts phenotypic plasticity in offspring: implications for

the evolution of plasticity and local adaptation. Philosophical Transactions

of the Royal Society of London. Series B, Biological Sciences, 374(1768),

20180179. https://doi.org/10.1098/rstb.2018.0179

Kopp, M., & Tollrian, R. (2003). Trophic size polyphenism in Lembadion

bullinum: costs and benefits of an inducible offense. Ecology, 84(3),

641–651.

Lafuente, E., & Beldade, P. (2019). Genomics of developmental plasticity

in animals. Frontiers in Genetics, 10, 720. https://doi.org/10.3389/

fgene.2019.00720

Langfelder, P., & Horvath, S. (2008). WGCNA: An R package for weighted

correlation network analysis. BMC Bioinformatics, 9(1), 559.

Ledón‐Rettig, C. C. (2021). Novel brain gene‐expression patterns are

associated with a novel predaceous behaviour in tadpoles.

Proceedings of the Royal Society B, 288(1947), 20210079.

Ledón‐Rettig, C. C., Pfennig, D. W., & Crespi, E. J. (2009). Stress hormones

and the fitness consequences associated with the transition to a

novel diet in larval amphibians. The Journal of Experimental Biology,

212, 3743–3750. https://doi.org/10.1242/jeb.034066

Ledón‐Rettig, C. C., Pfennig, D. W., & Nascone‐Yoder, N. (2008). Ancestral

variation and the potential for genetic accommodation in larval

amphibians: Implications for the evolution of novel feeding

strategies. Evolution and Development, 10(3), 316–325.

Levis, N. A., Isdaner, A., & Pfennig, D. W. (2018). Morphological novelty

emerges from pre‐existing phenotypic plasticity. Nature Ecology &

Evolution, 2, 1289–1297.

Levis, N. A., Martin, R. A., O'Donnell, K. A., & Pfennig, D. W. (2017).

Intraspecific adaptive radiation: Competition, ecological

opportunity, and phenotypic diversification within species.

Evolution, 71, 2496–2509.

Levis, N. A., & Pfennig, D. W. (2019). Plasticity‐led evolution: Evaluating

the key prediction of frequency‐dependent adaptation. Proceedings
of the Royal Society B, 286, 20182754.

Levis, N. A., de la Serna Buzon, S., & Pfennig, D. W. (2015). An inducible

offense: carnivore morph tadpoles induced by tadpole carnivory.

Ecology and Evolution, 5, 1405–1411.

Levis, N. A., Serrato‐Capuchina, A., & Pfennig, D. W. (2017). Genetic

accommodation in the wild: evolution of gene expression plasticity

during character displacement. Journal of Evolutionary Biology, 30,

1712–1723.

Lodhi, I. J., & Semenkovich, C. F. (2014). Peroxisomes: a nexus for lipid

metabolism and cellular signaling. Cell Metabolism, 19(3), 380–392.

Love, M. I., Huber, W., & Anders, S. (2014). Moderated estimation of fold

change and dispersion for RNA‐seq data with DESeq. 2. Genome

Biology, 15(12), 550.

Martin, R. A., & Pfennig, D. W. (2009). Disruptive selection in natural

populations: the roles of ecological specialization and resource

competition. The American Naturalist, 174, 268–281. https://doi.org/

10.1086/600090

Mayr, E. (1963). Animal species and evolution. Harvard University Press.

Michener, C. D. (1961). Social polymorphism in Hymenoptera. Symposium

of the Royal Entomological Society of London, 1, 43–56.

Moczek, A. P. (2005). The evolution and development of novel traits, or

how beetles got their horns. BioScience, 11, 935–951.

Moczek, A. P. (2007). Developmental capacitance, genetic

accommodation, and adaptive evolution. Evolution and

Development, 9(3), 299–305.

Moczek, A. P., & Nijhout, H. F. (2002). Developmental mechanisms of

threshold evolution in a polyphenic beetle. Evolution and

Development, 4(4), 252–264.

Moreno‐Fernandez, M. E., Giles, D. A., Stankiewicz, T. E., Sheridan, R.,

Karns, R., Cappelletti, M., Lampe, K., Mukherjee, R., Sina, C.,

Sallese, A., Bridges, J. P., Hogan, S. P., Aronow, B. J., Hoebe, K., &

Divanovic, S. (2018). Peroxisomal β‐oxidation regulates whole body

metabolism, inflammatory vigor, and pathogenesis of nonalcoholic

fatty liver disease. JCI Insight, 3(6), e9362.

Nijhout, H. F. (2003). Development and evolution of adaptive

polyphenisms. Evolution and Development, 5(1), 9–18.

Park, S., & Paik, Y.‐K. (2017). Genetic deficiency in neuronal peroxisomal

fatty acid β‐oxidation causes the interruption of dauer development

in Caenorhabditis elegans. Scientific Reports, 7(1), 1–13.

Paull, J. S., Martin, R. A., & Pfennig, D. W. (2012). Increased competition as

a cost of specialization during the evolution of resource

polymorphism. Biological Journal of the Linnean Society, 107,

845–853.

Pfennig, D. W. (1990). The adaptive significance of an environmentally‐
cued developmental switch in an anuran tadpole. Oecologia, 85,

101–107.

Pfennig, D. W. (1992a). Polyphenism in spadefoot toad tadpoles as a

locally adjusted evolutionarily stable strategy. Evolution, 46,

1408–1420.

Pfennig, D. W. (1992b). Proximate and functional causes of polyphenism

in an anuran tadpole. Functional Ecology, 6, 167–174.

Pfennig, D. W. (1999). Cannibalistic tadpoles that pose the greatest threat

to kin are most likely to discriminate kin. Proceedings of the Royal

Society B, 1998, 57–61.

Pfennig, D. W. (2000). Effect of predator‐prey phylogenetic similarity on

the fitness consequences of predation: A trade‐off between

nutrition and disease? American Naturalist, 155(3), 335–345.

Pfennig, D. W., Mabry, A., & Orange, D. (1991). Environmental causes of

correlations between age and size at metamorphosis in Scaphiopus

multiplicatus. Ecology, 72, 2240–2248.

Pfennig, D. W., & Murphy, P. J. (2000). Character displacement in

polyphenic tadpoles. Evolution, 54, 1738–1749.

Pfennig, D. W., & Pfennig, K. S. (2012). Evolution's wedge: Competition and

the origins of diversity. University of California Press.

Pfennig, D. W., Rice, A. M., & Martin, R. A. (2006). Ecological opportunity

and phenotypic plasticity interact to promote character

displacement and species coexistence. Ecology, 87, 769–779.

https://doi.org/10.1890/05-0787

Pfennig, D. W., Rice, A. M., & Martin, R. A. (2007). Field and experimental

evidence for competition's role in phenotypic divergence. Evolution,

61, 257–271. https://doi.org/10.1111/j.1558-5646.2007.00034.x

Pienaar, J., & Greeff, J. M. (2003). Different male morphs of Otitesella

pseudoserrata fig wasps have equal fitness but are not determined by

different alleles. Ecology Letters, 6, 286–289.

Projecto‐Garcia, J., Biddle, J. F., & Ragsdale, E. J. (2017). Decoding the

architecture and origins of mechanisms for developmental

polyphenism. Current Opinion in Genetics & Development, 47, 1–8.

https://doi.org/10.1016/j.gde.2017.07.015

Ptashne, M. (2004). A genetic switch: Phage lambda revisited (3rd ed.). Cold

Springs Harbor Laboratory Press.

Queitsch, C., Sangster, T.a, & Lindquist, S. (2002). Hsp90 as a capacitor of

phenotypic variation. Nature, 417, 618–624. https://doi.org/10.

1038/nature749

Quinlan, A. R., & Hall, I. M. (2010). BEDTools: A flexible suite of utilities

for comparing genomic features. Bioinformatics, 26(6), 841–842.

Ragsdale, E. J., Müller, M. R., Rödelsperger, C., & Sommer, R. J. (2013). A

developmental switch coupled to the evolution of plasticity acts through

a sulfatase. Cell, 155, 922–933. https://doi.org/10.1016/j.cell.2013.

09.054

Rampon C., Jiang C. H., Dong H., Tang Y.‐P., Lockhart D. J., Schultz P. G.,

Tsien J. Z., Hu Y. (2000). Effects of environmental enrichment on gene

expression in the brain. Proceedings of the National Academy of Sciences,

97(23), 12880–12884. http://doi.org/10.1073/pnas.97.23.12880

LEVIS ET AL. | 13

https://doi.org/10.1098/rstb.2018.0179
https://doi.org/10.3389/fgene.2019.00720
https://doi.org/10.3389/fgene.2019.00720
https://doi.org/10.1242/jeb.034066
https://doi.org/10.1086/600090
https://doi.org/10.1086/600090
https://doi.org/10.1890/05-0787
https://doi.org/10.1111/j.1558-5646.2007.00034.x
https://doi.org/10.1016/j.gde.2017.07.015
https://doi.org/10.1038/nature749
https://doi.org/10.1038/nature749
https://doi.org/10.1016/j.cell.2013.09.054
https://doi.org/10.1016/j.cell.2013.09.054
http://doi.org/10.1073/pnas.97.23.12880


Raudvere, U., Kolberg, L., Kuzmin, I., Arak, T., Adler, P., Peterson, H., &

Vilo, J. (2019). g: Profiler: A web server for functional enrichment

analysis and conversions of gene lists (2019 update). Nucleic Acids

Research, 47(W1), W191–W198.

Reimand, J., Kull, M., Peterson, H., Hansen, J., & Vilo, J. (2007). g: Profiler

—A web‐based toolset for functional profiling of gene lists from

large‐scale experiments. Nucleic Acids Research, 35(Suppl_2),

W193–W200.

Robinson, B. W., & Wilson, D. S. (1994). Character release and

displacement in fish: A neglected literature. American Naturalist, 144,

596–627.

Rohner, N., Jarosz, D. F., Kowalko, J. E., Yoshizawa, M., Jeffery, W. R.,

Borowsky, R. L., Lindquist, S., & Tabin, C. J. (2013). Cryptic variation

in morphological evolution: HSP90 as a capacitor for loss of eyes in

cavefish. Science, 342, 1372–1375. https://doi.org/10.1126/science.

1240276

Rutherford, S. L., & Lindquist, S. (1998). Hsp90 as a capacitor for

morphological evolution. Nature, 396, 336–342. https://doi.org/10.

1038/24550

Schmich, F. (2020). gespeR: Gene‐Specific Phenotype EstimatoR R package

version 1.20.0. http://www.cbg.ethz.ch/software/gespeR

Schmich, F., Szczurek, E., Kreibich, S., Dilling, S., Andritschke, D.,

Casanova, A., Low, S. H., Eicher, S., Muntwiler, S., Emmenlauer, M.,

Rämö, P., Conde‐Alvarez, R., von Mering, C., Hardt, W. D., Dehio, C.,

& Beerenwinkel, N. (2015). gespeR: A statistical model for

deconvoluting off‐target‐confounded RNA interference screens.

Genome Biology, 16(1), 1–12.

Seidl, F., Levis, N. A., Schell, R., Pfennig, D. W., Pfennig, K. S., &

Ehrenreich, I. M. (2019). Genome of Spea multiplicata, a rapidly

developing, phenotypically plastic, and desert‐adapted spadefoot

toad. G3: Genes, Genomes, Genetics, 9(12), 3909–3919.

Sequence Read Archive (SRA). (2009). Accession: PRJNA675144:

“Phenotypic accommodation: Adaptive development variably

alters environmentally induced gene expression in spadefoot toad

tadpoles” and Accession: PRJNA675835: "Transcriptomic basis of a

polyphenism". Bethesda, MD: National Library of Medicine (US),

National Center for Biotechnology Information. https://www.ncbi.

nlm.nih.gov/sra/

Shapiro, A. M. (1976). Seasonal polyphenism. In M. K. Hecht, W. C. Steere,

& B. Wallace (Eds.), Evolutionary biology (Vol. 9, pp. 259–333).

Springer US.

Sollars, V., Lu, X., Xiao, L., Wang, X., Garfinkel, M. D., & Ruden, D. M.

(2003). Evidence for an epigenetic mechanism by which Hsp90 acts

as a capacitor for morphological evolution. Nature Genetics, 33,

70–74. https://doi.org/10.1038/ng1067

Susoy, V., Ragsdale, E. J., Kanzaki, N., & Sommer, R. J. (2015). Rapid

diversification associated with a macroevolutionary pulse of

developmental plasticity. eLife, 4, e05463. https://doi.org/10.7554/

eLife.05463

Webber, W., Moffat, A., & Zobel, J. (2010). A similarity measure for

indefinite rankings. ACM Transactions on Information Systems (TOIS),

28(4), 1–38.

Wells, C. L., & Pigliucci, M. (2000). Adaptive phenotypic plasticity: the

case of heterophylly in aquatic plants. Perspectives in Plant Ecology,

Evolution and Systematics, 3(1), 1–18. https://doi.org/10.1078/1433-

8319-00001

West‐Eberhard, M. J. (1989). Phenotypic plasticity and the origins of

diversity. Annual Review of Ecology and Systematics, 20, 249–278.

West‐Eberhard, M. J. (2003). Developmental plasticity and evolution.

Oxford University Press.

Wilson, E. O. (1971). The insect societies. Belknap Press.

Xiao, X., Tang, J.‐J., Peng, C., Wang, Y., Fu, L., Qiu, Z.‐P., Xiong, Y.,

Yang, L. F., Cui, H. W., He, X. L., Yin, L., Qi, W., Wong, C. C., Zhao, Y.,

Li, B. L., Qiu, W. W., & Song, B. L. (2017). Cholesterol modification of

smoothened is required for Hedgehog signaling. Molecular Cell,

66(1), 154–162.

SUPPORTING INFORMATION

Additional Supporting Information may be found online in the

supporting information tab for this article.

How to cite this article: Levis, N. A., Kelly, P. W., Harmon, E.

A., Ehrenreich, I. M., McKay, D. J., & Pfennig, D. W. (2021).

Transcriptomic bases of a polyphenism. Journal of

Experimental Zoology Part B: Molecular and Developmental

Evolution, 1–14. https://doi.org/10.1002/jez.b.23066

14 | LEVIS ET AL.

https://doi.org/10.1126/science.1240276
https://doi.org/10.1126/science.1240276
https://doi.org/10.1038/24550
https://doi.org/10.1038/24550
http://www.cbg.ethz.ch/software/gespeR
https://www.ncbi.nlm.nih.gov/sra/
https://www.ncbi.nlm.nih.gov/sra/
https://doi.org/10.1038/ng1067
https://doi.org/10.7554/eLife.05463
https://doi.org/10.7554/eLife.05463
https://doi.org/10.1078/1433-8319-00001
https://doi.org/10.1078/1433-8319-00001
https://doi.org/10.1002/jez.b.23066



